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The encapsulation of mammalian cells within the bulk material of microfluidic channels may be

beneficial for applications ranging from tissue engineering to cell-based diagnostic assays. In this

work, we present a technique for fabricating microfluidic channels from cell-laden agarose

hydrogels. Using standard soft lithographic techniques, molten agarose was molded against a

SU-8 patterned silicon wafer. To generate sealed and water-tight microfluidic channels, the

surface of the molded agarose was heated at 71 uC for 3 s and sealed to another surface-heated

slab of agarose. Channels of different dimensions were generated and it was shown that agarose,

though highly porous, is a suitable material for performing microfluidics. Cells embedded within

the microfluidic molds were well distributed and media pumped through the channels allowed the

exchange of nutrients and waste products. While most cells were found to be viable upon initial

device fabrication, only those cells near the microfluidic channels remained viable after 3 days,

demonstrating the importance of a perfused network of microchannels for delivering nutrients

and oxygen to maintain cell viability in large hydrogels. Further development of this technique

may lead to the generation of biomimetic synthetic vasculature for tissue engineering, diagnostics,

and drug screening applications.

1. Introduction

Biomedical applications ranging from tissue engineering to

drug discovery could benefit from the culture of cells within

vascularized three-dimensional (3D) extracellular matrix

(ECM)-like hydrogels. In tissue engineering, cells seeded

within a 3D scaffold are coaxed to deposit their own ECM

structure as the scaffold degrades, resulting in a final structure

in the shape of the scaffold.1,2 However, in many large 3D

scaffolds, mass transport and nutrient exchange limitations

often result in cell necrosis. In contrast, cell screening and drug

discovery applications most often utilize cells cultured upon

two-dimensional (2D) substrates3–5 despite the fact that the

microenvironment of native tissue consists of complex cell–

matrix and cell–soluble factor interactions.1 This change from

the in vivo cell microenvironment alters cell function in culture

and limits the relevance of diagnostics results.1 An ideal

construct for tissue engineering and diagnostics would provide

3D structural support as well as the exchange of nutrients,

waste, and signaling cues.6

Microfluidic devices can potentially be used to facilitate

the exchange of nutrients and soluble factors in 3D tissue

constructs.7 In microfluidics, the controlled flow of fluids

within microscale channels can be used to perform biological

analyses and assays.8,9 Microfluidic devices require minimal

reagent consumption, allow for the laminar flow of fluids, and

may be used for high-throughput analysis. Currently, micro-

devices are most commonly fabricated from poly(dimethyl

siloxane) (PDMS),10–13 a flexible silicone rubber that is

optically transparent, thereby facilitating analyte visualization.

Since PDMS is non-toxic, cells may be cultured on its surfaces

or along the walls of its microchannels. However, cells cannot

be cultured within the PDMS bulk material. In addition to

PDMS, materials such as poly(DL-lactic-co-glycolide) (PLGA)

and poly(glycerol sebacate) (PGS) have been used to engineer

microvasculature within synthetic scaffolds.14 In these

works,15–17 endothelial and hepatocyte cells were seeded within

complex microfluidic channel patterns as a potential method

to generate blood vessels and liver constructs for tissue

engineering. While PGS and PLGA are biocompatible and

biodegradable, potential limitations of this approach include

the difficulty of achieving uniform cell seeding, the high

volume of the scaffold material which must be degraded,

and the 2D surface microenvironment of the scaffolds. The

alternative approach presented here aims to overcome these

limitations by utilizing cell encapsulation technology.

In contrast to PDMS, PGS, and PLGA, hydrogels consist

of 3D crosslinked networks of hydrophilic polymers with

mechanical characteristics resembling that of ECM18–20 and
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thus are amenable for cell encapsulation. These liquid-swelled

polymers can be derived from both synthetic (PEG) and

natural (alginate, collagen, hyaluronic acid, and agarose)19

sources. Hydrogels are commonly used in immunoisolation

microcapsules,21,22 as units for scalable bioreactors,23 and for

the tissue engineering of cartilage,24–26 vasculature27 and other

tissues.28,29 They exhibit high diffusive permeability to oxygen,

nutrients, and other water-soluble metabolites.30 Recently,

calcium alginate7 and gelatin31 hydrogels have been used to

fabricate microfluidic devices. Also, it was demonstrated that

cells could be seeded on the surface of these microchannels.

However, to our knowledge, the formation of cell-containing

microfluidic hydrogels has not been shown.

Agarose is a thermally reversible polysaccharide consisting

of alternating copolymers of (1-3)-linked b-D-galactose and

(1-4)-linked (3-6)-anhydro-a-L-galactose32 that is commonly

used for cell encapsulation. It can be induced to melt or gel in a

variety of temperatures ranging from 17 uC to 80 uC depending

on the molecular weight and chemical modification of the side

groups. Cells have been encapsulated in agarose for a variety

of applications ranging from biosensing to therapeutics,21,33

and agarose has been shown to be biocompatible when

implanted in vivo.34 While agarose does not directly provide

an active attachment substrate, it can be supplemented with

collagen or gelfoam to provide attachment sites for anchorage-

dependent cells.32 Also, cells that are encapsulated in agarose

hydrogels secrete their own natural ECM.

In this paper, we present a soft lithographic approach for

generating cost-effective, cell-laden agarose microfluidic

devices. Cells were suspended in low-temperature molten

agarose and molded on an SU-8 patterned silicon wafer to

generate channel features. Microfluidic channels of different

sizes and shapes were fabricated and the diffusion of molecules

from the microfluidic channels into the surrounding bulk

material was characterized. Cells cultured within agarose

microchannels remained viable directly after encapsulation.

Also, a zone of high cell viability remained around the micro-

channels after 3 days of continuous flow of media through the

microchannel. This work represents a promising step towards

generating biomimetic synthetic vasculature. Additionally,

we believe that the principles derived from this work may

be extended to other hydrogels such as hyaluronic acid or

collagen, which may be superior for some tissue engineering

applications.6,35

2. Materials and methods

2.1 Cell culture

AML-12 murine hepatocytes were kept at 37 uC in a

95% air/5% CO2 incubator and maintained in 45%

Dulbecco’s Modified Eagle Media (DMEM), 45% Ham’s

F12 Media, and 10% fetal bovine serum (FBS). Confluent

flasks of AML-12 cells were passaged and fed every 3–4 days.

Murine embryonic stem (ES) cells (R1 strain) were

maintained in gelatin treated flasks with media comprised of

15% ES qualified FBS in DMEM knockout media. ES cells

were fed daily and passaged every 3 days at a subculture ratio

of 1 : 4.

2.2 Agarose mold fabrication

Agarose replicas (1 cm thick, so as to provide sufficient

mechanical stability to enable handling) were molded by

gelling molten agarose solution on the positive microchannel

features of SU-8 patterned silicon masters (Fig. 1). Agarose

solutions were generated by heating low gelling temperature

agarose (type VII-A, Sigma) in phosphate-buffered saline

(PBS) until dissolved. For experiments in which cells were

embedded within agarose, 6% agarose (autoclaved/sterilized

to dissolve in PBS) was allowed to cool to 70 uC and

supplemented with equal volume of cell suspension (cells at

controlled densities) to yield a 3% agarose mixture loaded with

cells. The molten agarose–cell mixture was then poured onto

the silicon master and allowed to gel for 2 h at 25 uC in a sterile

tissue culture hood. To form the base of the microchannel, a

thin flat slab of agarose was fabricated in a plastic culture dish.

The agarose molds were gently peeled from the silicon masters

and trimmed to a suitable shape. To make holes for inlets

and outlets, a metal feeder wire of y2 cm in length was used

as a guide for insertion of the flexible polyethylene tubing

(inner diameter 0.58 mm, outer diameter 0.965 mm, Becton

Dickinson). The tubing was then pressed against the feeder

wire, forcing the wire out of the hole and fitting the tubing fit

place. Finally, the agarose molds were heated on glass slides

(75 mm 6 25 mm 6 1 mm) on a hot plate for 3 s at 71 uC
and pressed against one another to form sealed microfluidic

channels. The device was allowed to cool for 10 min before

fluid was introduced into the channel. These processes

involving cells were maintained under sterile conditions.

2.3 Channel flow experiments

To control the flow rate of fluids through the microchannel,

the agarose microfluidic device was connected to a syringe

pump (AL-1000, World Precision Instruments) via flexible

polyethylene tubing. The channel effluent was removed by

either collection from an outlet tube connected using a

Fig. 1 Schematic of the fabrication of agarose microfluidic devices

with (right) and without (left) embedded cells.
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procedure similar to that of the inlet tube, or by collection of

the effluent directly from the channel outlet.

For experiments in which AML-12 hepatocytes were

embedded in microchannels, medium was pumped through

150 mm deep 6 800 mm wide channels at a rate of 10 ml min21.

Sterile conditions were maintained throughout the fabrication

and operation of the microfluidic device by fabricating and

operating the device entirely within a biosafety cabinet. For

time dependent studies, the entire apparatus was placed within

an incubator at 37 uC and 95% air/5% CO2 and kept inside a

sterilized vessel. To minimize device dehydration (which would

presumably affect cell viability), devices were kept within a

sterilized vessel maintained in a humidified chamber.

2.4 Sectioning and analytical techniques

Channel flow and diffusion properties were determined by

flowing fluorescein isothiocyanate conjugated to bovine serum

albumin (FITC-BSA, green fluorescence, excitation/emission =

506/529 nm) through the microchannels at a rate of

100 ml min21. To quantify diffusion into the surrounding

agarose, intensity measurements were calculated from fluor-

escent images taken every minute for 45 min. These fluorescent

intensities, which were taken at a fixed distance from the

channel boundary using fixed optical and image capture

parameters, were then processed in MATLAB. Specifically,

the images were registered, cropped, and averaged over the

length of the channel. The fluorescence intensities, assumed

to be proportional to the concentration of FITC-BSA, were

normalized to the mid-channel intensities of each captured

image to account for increasing intensities in progressive

images caused by diffusion into the ceiling and floor of the

channel.

Initial cell distribution throughout the agarose was evalu-

ated by incubating cells with CFSE (carboxyfluorescein

succinimide ester) stain for 15 min prior to encapsulation

within the agarose. Cell viability within the microchannels was

assessed by applying a live/dead fluorescence assay to slices of

agarose microchannels with encapsulated cells. To analyze

agarose cross-sections, slices were gently removed with a flat

razor blade into y1 mm thick sections. Live/dead stain was

applied directly to the slices, which were incubated for 10 min

and visualized under a fluorescent microscope (Nikon,

TE2000). Two recognized parameters of cell viability—

intracellular esterase activity and plasma membrane integ-

rity—were tracked with the live/dead stain, consisting of PBS

solution containing 0.5 mg ml21 calcein AM and 2 mg ml21

ethidium homodimer-1 per 1 ml of PBS. Live cells fluoresced

green due to intracellular esterase activity that hydrolyzed

the fluorogenic esterase substrate (calcein AM) to a green

fluorescent product. Dead cells fluoresced red since their

compromised membranes were permeable to the high-affinity

red fluorescent nucleic acid stain (ethidium homodimer-1).

Percent viability values for Fig. 6B and 6C were calculated by

counting the number of live (green) cells and the number of

dead (red) cells in a 1.25 mm 6 1.25 mm square zone above

each channel magnified at 46. Values were obtained for each

control or experimental condition (n = 9 for each value, an

average of 230 cells per zone) by dividing the number of live

cells by the number of total cells. To average the potential

effect of nutrient depletion on cell viability along the axial

length of the channel, sections were taken in triplicates from

three axial (0 cm, 1.5 cm, 3.0 cm) sections of the channel

(resulting in n = 9 for each data point). Percent viability values

for Fig. 6C were determined in a similar manner in that the

data was binned into 5 vertical zones of 1.25 mm 6 0.25 mm

each (n = 9 for each value, an average of 46 cells per zone). The

exception is that the initial viability value shown in Fig. 6C was

obtained from the 1.25 mm 6 1.25 mm square zone located

above the channel (n = 9). Paired t-tests were used to assess

statistically significant differences in viability. Due to potential

human error in cell counting we considered p , 0.005 to be

statistically significant (conservative in comparison to p , 0.05

used in many typical biological experiments).

3. Results and discussion

3.1 Channel fabrication

Agarose hydrogels are commonly used in a variety of biologi-

cal and biomedical applications and are found ubiquitously

in electrophoresis applications36 due to their ability to control

the diffusion of biological moieties. In addition, agarose

is amenable for soft lithography37–39 and can be used to

micropattern surfaces. The high water content and ECM-like

mechanical properties of agarose make it compatible for cell

encapsulation.21 In this work, agarose microfluidic channels

were molded on SU-8 patterned silicon wafers, as illustrated in

Fig. 1. To seal the two pieces of agarose to form micro-

channels, they were placed on a glass cover slip and heated on

a hot plate so as to slightly melt the bonding interfaces. The

two slightly melted surfaces were then annealed to one another

to form water tight microchannels. The important parameters

for sealing, agarose concentration and heating, are explored in

Fig. 2. As expected, low heating resulted in imperfectly sealed

and leaky microchannels, while excessive heating resulted in

melted channel features. Furthermore, the degree of heating

required to melt bulk agarose increases with increasing agarose

concentration, a requirement that would presumably have a

negative impact on cell viability in cell-laden microfluidic

devices. Similarly, the mechanical properties of gelled type

VII-A agarose are largely dictated by agarose concentration.40

While lower concentrations result in moderately transparent

but weak bulk materials which fall apart upon even careful

handling, higher concentrations result in more opaque (hinders

microscopy) yet stiffer bulk materials. Therefore, these

parameters (agarose concentration, amount of heating) were

optimized for microfluidics fabrication: an agarose concentra-

tion of 3% was deemed both sufficiently transparent for

imaging and sufficiently robust for careful mechanical hand-

ling. Additionally, 3 s of heating at a temperature of 71 uC was

found to adequately melt surfaces so as to avoid melting of

features while simultaneously improving sealing.

As shown in Fig. 3, agarose microchannels of varying sizes

and aspect ratios ranging from 50 mm wide by 70 mm tall

(Fig. 3A) to 1000 mm wide by 150 mm tall (Fig. 3B) can be

fabricated. The channel in Fig. 3B demonstrates that 3%

agarose, at an elastic modulus reported between 19 and

32 kPA,40,41 is sufficiently rigid to support a large aspect ratio
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channel without deformation. Furthermore, the smallest

channels (Fig. 3A) demonstrated high fidelity of pattern

reproduction, with sharply formed corners and clearly defined

edges, suggesting that still smaller channels may be fabricated.

This flexibility allows for the potential to generate micro-

channels spanning the range of actual blood vessels, from

capillaries to arteries.

To verify complete channel sealing using the previously

described fabrication parameters, FITC-BSA was pumped

through the agarose microchannels (Fig. 4). To visualize the

diffusivity of molecules through 3% agarose channels, a series

of fluorescent images were taken at 1, 5, and 30 min (Fig. 4A).

The immediately visible and sharply defined boundaries of

fluorescence in Fig. 4A at 1 minute indicate proper sealing.

Diffusion of FITC-BSA into the surrounding channel material

is also noticeable in Fig. 4A, taken after 30 min of flow. As

previously discussed, high porosity and ease of molecular

diffusion are crucial for the viability of encapsulated cells since

diffusion facilitates efficient nutrient delivery and waste

removal. In addition, the fluorescence intensity of FITC-

BSA (MW 69 kDa) as a function of distance away from

channels was graphed for 45 min (Fig. 4C). Though the curves

have the form of typical diffusion profiles, reliable diffusivity

values (D y 6.4 6 1027 cm2 s21)42 could not be obtained from

the data. This could be due to a number of factors, such as

hydraulic pressure from channel flow, evaporation from the

agarose surface, and vertical diffusion of FITC-BSA into the

ceiling and floor of the channel which skewed the shape of

the diffusion profiles.

3.2 Cell encapsulation within agarose

Cells were embedded in agarose microchannels as depicted in

Fig. 1. The process is identical to that of microchannel forma-

tion without cells, except that cells were added to the agarose

prior to molding of the mixture upon the patterned silicon

wafer. Live/dead staining immediately upon device fabrication

indicated that most cells remained viable throughout the

Fig. 3 Light micrograph cross sectional images of agarose channels.

Channels (A) 50 mm in width 6 70 mm in height and (B) 1 mm in

width 6 150 mm in depth are depicted.

Fig. 2 Diagram for the optimization of agarose concentration and

melting time for sealing of surfaces. Circles indicate that channel

features were unmelted, and squares indicate melting. Dashed lines

mark the boundary between melted and unmelted features and

between structurally stable and unstable agarose, where stability was

defined as the ability to maintain channel features in the agarose

without tearing or deformation. The circled region indicates the chosen

experimental conditions.

Fig. 4 Characterization of diffusion of FITC-BSA into surrounding

agarose. The series of top-down fluorescent images with corresponding

phase image in (A) qualitatively depict diffusion with time. In (B) the

phase and corresponding fluorescent image of the cross-section of a

channel 30 min after FITC-BSA flow are shown. Overlaid intensity

profiles (C) are calculated from top-down fluorescent images and

plotted for times ranging from 1 min to 45 min.
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embedding procedure. The low-gelling temperature of

type VII-A agarose (at 1.5% agarose, gelling temperature

26 uC ¡ 2 uC, melting temperature 65 uC) enabled the cells to

be encapsulated within the molten agarose with little exposure

to temperatures resulting in cell death (initial cell viability was

.80%). A control experiment in which cells were trypsinized

and exposed to identical heating conditions (but not embedded

within agarose) exhibited similar viability values (y85%),

indicating that embedding within agarose does not signifi-

cantly affect initial cell viability. Fig. 5 shows a microfluidic

channel in which mES (A,C) and AML-12 (B,D) cells were

embedded within the bulk material of the molded upper layer

but not within the bulk material of the flat bottom layer. Light

microscopy (Fig. 5C and 5D) and CSFE-labeled fluorescence

(Fig. 5A and 5B) images of encapsulation reveal a fairly

homogeneous distribution of cells throughout the molded

bulk agarose material. Further observation of sections of

different channel regions (not shown) indicated that the cells

were homogeneously distributed throughout the rest of the

device as well.

3.3 Viability of encapsulated cells

To assess the potential of cell-laden agarose microfluidics for

extended cell encapsulation, viability assays were conducted

over time with AML-12 murine hepatocytes encapsulated at a

density of 2 6 106 cells ml21 within the bulk material of

agarose microchannels. Though the initial viability of 3T3

fibroblasts and mES cells were also verified (data not shown),

hepatocytes were chosen in the device characterization

experiments discussed below for their potential applications

in engineering liver constructs and toxicity assays. Upon

formation of microchannels, cell culture media was pumped

through the channels for up to three days. The flow rate of

10 ml min21 yielded a shear stress value of 1.18 Pa (using a

previously described method)43 and was chosen because it

falls within the physiological shear stress range of mammalian

arteries (0.51–5.0 Pa in rabbits).44 Vertical channel slices

were collected each day and stained to evaluate cell viability

(Fig. 6A).

As shown in the left panel of Fig. 6A, the majority of cells

were viable upon initial device fabrication. Control experi-

ments that exposed trypsinized but unencapsulated cells to

identical processing temperatures (as high as 70 uC, including

cooling time) exhibited similar viability values (y85%). There

is no noticeable cell death at the adherent boundary between

the two agarose pieces, indicating that the brief surface heating

(71 uC for 3 s, to facilitate bonding of the two pieces) did not

cause noticeable cell death. Therefore, higher agarose con-

centrations, which require more heating to facilitate bonding,

may also be tolerable for cell viability.

Fig. 5 Fluorescent and brightfield micrographs of CFSE-stained

AML-12 cells embedded in an agarose microchannel. Panels A and C

show a channel from above while panels B and D show the cross-

sectional image of another channel. Dotted lines were added to the

images to facilitate visualization at print resolutions.

Fig. 6 Quantification of cell viability in the agarose microchannels

over time. The images in (A) are representative live/dead staining of

AML-12 murine hepatocytes encapsulated in agarose channels after 0

(left) and 3 days (right). Rectangular regions demarcated by dashed

white lines correspond to y250 mm thick zones where the labeled

height values correspond to the mean distance of each zone above the

channel floor. The graph in (B) plots percent viability values for initial

(n = 27) as well as for up to three days under 2 control conditions

(no flow, PBS flow) and experimental media flow conditions (n = 9

for all three conditions). In part (C) the time course viability under

experimental media flow conditions for 1.25 mm 6 0.25 mm zones of

progressively increasing distances (50 mm, 300 mm, 550 mm, 800 mm,

1050 mm) from the channel are shown (n = 9). Error bars span one

standard deviation from the mean.
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Due to processing requirements (cell-loaded devices were set

for 2 hours to facilitate agarose gellation), the devices were

fabricated with media (at 50%) to prevent compromise of cell

viability. However, this introduced the likelihood that cell

viability would initially be partially maintained by pre-loaded

media rather than delivered media. To assess the effect of this

phenomenon, no-flow control experiments were performed

(Fig. 6B). It appears that the media used during device

fabrication supports a fraction of cells up to 3 days. In

addition, data gathered under experimental conditions in

which media was continuously pumped through the device

shows statistically significant increases in viability between

experimental and no-flow control conditions for day 1, day 2,

and day 3. By day 3, the difference between experimental and

no-flow control conditions was dramatic (.55% for experi-

mental, ,20% for no-flow control). Additionally, while there

are significant drops in viability between each day up to day 2,

there was no significant difference in the viability of control

experiments between days 2 and 3.

To assess the impact of waste removal on cell viability

an additional set of PBS flow experiments were performed.

From the data shown in Fig. 6B, while there does appear

to be statistically significant differences in time-course cell

viability for this condition when compared to the no-flow

controls on days 1 and 2, this difference disappears by day 3.

It is important to note that we cannot in these experiments

segregate the effect of waste removal from dilution of the pre-

loaded media; however, one reasonable explanation for

these results is that the initial (days 1 and 2) increases

in viability are due to waste removal, which becomes

insignificant by day 3. Therefore, the effect of waste removal

in improving cell viability in this system does appear to

overwhelm the detrimental effect of nutrient dilution in the

first 2 days.

No significant variations in viability with respect to distance

above the channel were observed immediately after the

encapsulation process. Over time, cells further from the

microchannel gradually lost viability, as shown in a repre-

sentative image from day 3 in the right portion of Fig. 6A in

which zones further from the channel may be qualitatively

compared to the zones that are closer. To quantitatively assess

the effect of distance above the microchannel as a function of

time under experimental conditions, the percent viability of

zones roughly 1.25 mm 6 0.25 mm (visualized in Fig. 6A by

dashed white lines) centered atop and binned at progressively

greater distances above the channel are plotted individually in

Fig. 6C. This data shows significantly larger drops in viability

for regions at greater (1050 mm) distances from the channel. In

the region closest to the channel (50 mm) while there is a small

(in comparison to regions at greater distances) but significant

drop in viability on day 1 in comparison to initial viability, no

further significant differences are found between day 1 and 2

or between 2 and 3. Furthermore, these results indicate while

cells at greater distances from the channel do lose viability,

they also remained significantly more viable than control

condition counterparts. This phenomenon was likely the result

of diffusion limitations within the bulk agarose, preventing

adequate nutrient and waste exchange to cells embedded

at larger distances from the microchannel. This property is

shared by the natural vasculature of tissues (capillaries in

human tissues are typically found y200 mm apart).

Finally, to assess the possibility of nutrient depletion along

the axial direction (direction of flow) of the channel, individual

slices from devices with channels 3 cm in length collected

from the beginning (0 cm), middle (1.5 cm), and end (3.0 cm)

of each channel are plotted individually. Both PBS control

(Fig. S1–S3, ESI{) and experimental media flow (Fig. S4–S8,

ESI{) conditions are presented. These detailed results are

presented in the ESI{ but essentially indicate that nutrient

depletion, or alternatively waste accumulation, did not appear

to impact cell viability within statistical error along the length

of the channel used. This result is expected since the residence

time of any particular volume of media within the channel

(which can be modulated by adjusting flow rate) is less than

half a minute. However, limitations due to axial nutrient

depletion and waste accumulation would be expected to affect

cell viability for longer channels and slower flow rates.

3.4 Future work

The lithographic approach presented here should be com-

patible with any number of agarose mixtures or other

hydrogels. To overcome the absence of an attachment matrix,

the agarose could be supplemented with ECM additives

such as collagen or gelfoam. Signaling molecules may also be

incorporated within the hydrogel, either dissolved within the

liquid phase or conjugated to agarose via a Williams ether

synthesis (attachable to the amine group of the ligand).45

Alternatively, the use of natural ECM molecules such as

hyaluronic acid or collagen may provide a more chemically

and mechanically in vivo-like environment, leading to superior

assimilation of the resulting structures into the host tissue and

cell migration and proliferation within the hydrogel matrix.

Cell-laden microfluidic hydrogels can also be scaled up. In

this process, biomimetic vascular patterns may be fabricated

and stacked layer-by-layer, one upon another to generate

multi-layer vascularization in multiple discrete planes. The

thickness of each plane may need to be optimized for cell

viability throughout the volume of the construct (data here

shows a zone of high viability up to 200 mm away from the

channels, suggesting channels 400 mm apart vertically).

However, such an approach would require the future develop-

ment of more mechanically stable materials (possibly alterna-

tive materials or agarose with additives) that can be fabricated

and handled as very thin layers (currently, devices are 1+ cm

thick). While much work needs to be performed in charac-

terizing the mass transport of macromolecules from micro-

fluidic channels into the surrounding material, such an

approach could be used to engineer the transport of nutrients,

wastes, and soluble factors to complex macroscale 3D cellular

constructs.

4. Conclusion

In summary, we have developed a soft lithographic technique

for fabricating cell-laden agarose microfluidic devices. Fully

sealed channels of different aspect ratios were replicated with

high pattern fidelity, demonstrating that agarose is a suitable

material for microfluidic applications. In addition, cells were
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homogeneously distributed in agarose, and the delivery of

media through the channel allowed cells in close proximity to

the channels to remain viable for at least 3 days. This simple

method may be useful for diagnostic tools and for generating

synthetic vasculature within tissue engineered constructs.
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